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Abstract 
Background: Lytic polysaccharide monooxygenases (LPMOs) are oxidative, copper‑dependent enzymes that func‑
tion as powerful tools in the turnover of various biomasses, including lignocellulosic plant biomass. While LPMOs are 
considered to be of great importance for biorefineries, little is known about industrial relevant properties such as the 
ability to operate at high temperatures. Here, we describe a thermostable, cellulose‑active LPMO from a high‑temper‑
ature compost metagenome (called mgLPMO10).
Results: MgLPMO10 was found to have the highest apparent melting temperature (83 °C) reported for an LPMO to 
date, and is catalytically active up to temperatures of at least 80 °C. Generally, mgLPMO10 showed good activity and 
operational stability over a wide temperature range. The LPMO boosted cellulose saccharification by recombinantly 
produced GH48 and GH6 cellobiohydrolases derived from the same metagenome, albeit to a minor extent. Cellulose 
saccharification studies with a commercial cellulase cocktail (Celluclast®) showed that the performance of this ther‑
mostable bacterial LPMO is comparable with that of a frequently utilized fungal LPMO from Thermoascus aurantiacus 
(TaLPMO9A).
Conclusions: The high activity and operational stability of mgLPMO10 are of both fundamental and applied interest. 
The ability of mgLPMO10 to perform oxidative cleavage of cellulose at 80 °C and the clear synergy with Celluclast® 
make this enzyme an interesting candidate in the development of thermostable enzyme cocktails for use in lignocel‑
lulosic biorefineries.
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Background
Lignocellulosic biomass (i.e., plant-based biomass) is the 
most abundant source of renewable carbon on Earth [1] 
and its major component is cellulose, a linear polymer of 
glucose units joined by β-1,4-glycosidic bonds [2]. Indi-
vidual cellulose chains commonly arrange into crystalline 
fibrils consisting of multiple chains that are stabilized by 
extensive hydrogen bonding, and this assembly makes 
cellulose highly resistant to both chemical and micro-
bial degradation [3, 4]. However, certain microorganisms 
have evolved to overcome this recalcitrance by produc-
ing specialized enzymes, and these may be employed in 
industrial bioprocessing for the sake of generating renew-
able energy and bulk commodities [5, 6].
Cellulose-degrading enzymes include cellulases that 
cleave glycosidic bonds using a hydrolytic mechanism, 
which are further classified as endoglucanases or exo-act-
ing cellobiohydrolases (CBHs). While endoglucanases are 
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thought to attack randomly in amorphous (i.e., loosely 
packed) cellulose by engulfing the cellulose chain in a cat-
alytic cleft, cellobiohydrolases attack the cellulose from 
accessible chain ends using a tunnel-shaped active site 
[7]. The turnover of cellulose by cellulases is hampered by 
the fact that the enzymes cannot easily access the crystal-
line surfaces of the cellulose fibrils [8].
Enzymes called lytic polysaccharide monooxygenases 
(LPMOs) employ a powerful oxidative mechanism to 
cleave glycosidic bonds within crystalline regions of 
densely packed polysaccharides such as cellulose and 
chitin [8–10]. This mode of action is enabled by a flat 
substrate-binding surface with a surface-exposed active 
site. The ability of LPMOs to disrupt crystalline cellulose 
fibrils, thereby granting the hydrolytic enzymes access 
to binding sites in parts of the substrate that they would 
otherwise struggle to reach [9, 11], makes LPMO activ-
ity crucial in the development of industrial bioprocessing 
technologies [12, 13].
The catalytic function of LPMOs was discovered in 
2010 [9] and today these enzymes are classified as aux-
iliary activities (AA) in the carbohydrate-active enzymes 
database (http://www.cazy.org [14]). Currently, LPMOs 
are categorized in CAZy families AA9-11 and AA13-16 
on the basis of sequence similarity, and may be active on 
cellulose, various types of hemicelluloses, chitin, starch 
and/or oligosaccharides [10, 15]. Thus, LPMOs hold an 
important role in the Earth’s carbon cycle.
LPMOs hydroxylate either the C1 or C4 carbon of the 
scissile glycosidic bond in cellulose [9, 16, 17], whereas 
some are less regioselective and produce a mixture of C1- 
and C4-oxidized products. Oxidation of the C1 carbon 
results in the formation of 1,5-δ-lactones that are spon-
taneously hydrated to the more stable aldonic acid form, 
while oxidation of the C4 carbon produces 4-ketoaldoses 
that are hydrated to their corresponding gemdiol form 
[18]. Like cellulases, LPMOs may be associated with one 
or more carbohydrate-binding modules (CBMs), often 
connected via a flexible linker [19].
Two highly conserved histidines located in the center 
of the flat substrate-binding surface constitute the cata-
lytic core of LPMOs. The histidines coordinate a single 
copper ion, which must be reduced from the Cu(II) to the 
Cu(I) state before the LPMO can initiate oxidative cleav-
age [17]. Notably, reduced LPMOs are known to be prone 
to oxidative damage when exposed to  O2 or  H2O2 in the 
absence of a proper substrate [20–22].
LPMO catalysis has generally been thought to be 
strictly dependent on molecular oxygen and a reductant 
that delivers two electrons and two protons for each cata-
lytic cycle [9, 23, 24]. However, recent studies on LPMOs 
belonging to families AA9 and AA10, have shown that 
 H2O2 can drive LPMO reactions, and that these reactions 
are orders of magnitude faster than  O2-driven reactions 
[20, 25–29]. The peroxygenase driven reaction only 
requires sub-stoichiometric amounts of reductant for an 
initial, “priming”, reduction of the LPMO, after which the 
enzyme can catalyze multiple reactions. Notably, under 
the conditions normally used in LPMO reactions,  H2O2 
will be formed either by non-productive oxidase activity 
of reduced LPMO molecules that are not bound to the 
substrate [18, 30] or by reactions involving dioxygen and 
the reductant.
Although LPMOs have been intensely studied since 
their discovery in 2010 [10, 15, 22, 31], and even though 
they are considered to be of great importance for indus-
trial biorefining [12, 13], little is known about industrially 
relevant properties such as activity and stability at higher 
temperatures. Thermostability is a commonly desired 
trait for enzymes employed in biorefineries because sta-
ble enzymes last longer and because it is often consid-
ered favorable to run processes at higher temperatures, 
for example to improve reactant solubility and reduce the 
risk of microbial contamination [32]. Naturally occurring 
thermostable enzymes can be discovered by bioprospect-
ing of high-temperature environments where biomass 
turnover occurs in Nature. To date, only a few studies 
have aimed at engineering thermal stability of LPMOs 
[33, 34].
The present study describes the characterization of a 
thermostable bacterial AA10 LPMO with a C-terminal 
CBM2 domain. The gene encoding the enzyme has pre-
viously been identified as the only LPMO overexpressed 
in a metatranscriptome originating from rice straw that 
was inoculated with compost and incubated at high tem-
perature [35]. We have compared the properties of this 
LPMO, named mgLPMO10 (mg, for metagenome), with 
the properties of a similar two-domain mesophilic LPMO 
from Streptomyces coelicolor, ScLPMO10C [36], and we 
have assessed its potential to boost the activity of various 
cellulases.
Results
Verification of activity and thermal stability
The full-length LPMO (mgLPMO10; residues 32–363) 
and the catalytic domain  (mgLPMO10CD; residues 
32–223) were expressed and purified to electrophoretic 
homogeneity. The yield for mgLPMO10 was typically 
around 12–15  mg purified protein per liter of E. coli 
and 4–5 mg per liter E. coli culture for  mgLPMO10CD. 
We also purified ScLPMO10C, a C1-oxidizing cel-
lulose-active LPMO [37], which was included in the 
experiments to enable comparison of mgLPMO10 to 
a mesophilic homologue. The overall sequence iden-
tity between full-length ScLPMO10C and mgLPMO10 
is 56%; 62% between the catalytic AA10 domains and 
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47% between the CBM2 domains (Fig.  1). The LPMO 
and CBM2 domains are separated by a proline- and 
threonine-rich linker that is seven residues longer in 
mgLPMO10. The closest homologue of mgLPMO10, 
as identified by a BLAST search, is an uncharacterized 
putative LPMO from Micromonospora sp. HM5-17, 
which shares 85% and 95% sequence identity, for the 
full-length protein and the catalytic domain, respec-
tively, suggesting mgLPMO10 to be of Actinomycetales 
origin. The oxidative activity of mgLPMO10 on cellu-
lose was initially verified using PASC and Avicel under 
standard conditions (e.g., 1  mM ascorbic acid, aerobic 
conditions). The MALDI-ToF product profile showed 
peaks characteristic for oxidized cello-oligosaccha-
rides (black spectrum), including peaks representing 
the sodium salt of the sodium adduct of the aldonic 
acids (m/z + 38 species), which (in combination with 
very low levels of the m/z -2 species) is diagnostic for 
C1-oxidation (Fig.  2a). The regioselectivity was con-
firmed by HPEAC-PAD analysis of product mixtures, 
which showed only C1-oxidized products (Fig. 2b).
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mgLPMO10 HG AM PGSRTYLC  D    TG   P NPAC AA   SGA  LYNWF VL S AGGR   A  V         SP  I  N      V    N             VWR GL Q I A AV S S R D T
                                   TT                      
ScLPMO10C GY PDG LCS G      F  Y  AR DWP THLT GATI   YSNWA HPG F  Y T  V   T      A                       L KA DRSPYD SA N S R S PVE A D RV
mgLPMO10 GY PDG LCS G      F  Y  AR DWP THLT GATI   YSNWA HPG F  Y T  I   Q      L                       V RG NP...G LG D D L A EFR H T YF
TT  TT          ..            TT TT                        
ScLPMO10C   WSPT  L W DLE     TVTNPPQ G  GT  GHYY    LP   SG   I   WV R                       W   S R  L F   PG SE G D L..IQ Q SP DG DLA G DA MQ
mgLPMO10   WSPT  L W DLE     TVTNPPQ G  GT  GHYY    LP   SG   I   WV R                       F   N K  I Y   DS RP A S SEPFL R AV ND TGR . RH SR
ScLPMO10C SDSQENFF CSDVVFDGGNGEVTGI        P  TP        PT P T P     C                                TS RGSGSTPD DP T....... D T P TH GS
mgLPMO10 SDSQENFF CSDVVFDGGNGEVTGI        P  TP        PT P T P     C                                SG GSGSGPTT PT PTTPPTTP T P T GG TG
β1 α1 α2 α3 β2
η1 η2 β3 β4 β5
η3 β6 β7 β8 β9
β10
          TT                TT        TT              TT   
ScLPMO10C  A Y V  SW GGFQ  V V N GT PLNGW  QW    G T G  WNG     S  TV TM  S   S              V  Q   L V   S T    V EN GS E M H E A PGG T G L SG DG
mgLPMO10  A Y V  SW GGFQ  V V N GT PLNGW  QW    G T G  WNG     S  TV TA  Q   T              I  T   V L   Q S    T VG AE T R T A T FAN E S H .Q GS
ScLPMO10C VRNVDHN    P  S  FGF         P     C                              V   T   T T  S  RV P DG V TA S GNDF VD IG VAP
mgLPMO10 VRNVDHN    P  S  FGF         P     C                              L   S   S S  T  GS A GA T VG G TGAT TP .. TSA
β1* β2* β3* β4* β5* β6* 



















Fig. 1 Sequence alignment of full‑length ScLPMO10C and mgLPMO10. The secondary structure shown above the alignment was obtained from 
the crystal structure of the AA10 domain of ScLPMO10C (PDB ID: 4OY7; [36]) and the NMR structure of the CBM2 domain (PDB ID: 6F7E, [19]). 
The two catalytic histidines (ScLPMO10C His35 and His144 and mgLPMO10 His32 and His138) are labeled with blue stars. Three disulfide bridges 
present in ScLPMO10C, two in the AA10 module and one in the CBM2, are indicated by dashed lines; note that the six cysteine residues are all 
conserved in mgLPMO10. Residues that have been shown to be important for cellulose binding by ScLPMO10C [19] (Tyr79, Trp275, Trp312 and 
His331) are shown with turquoise hexagons. Fully conserved residues are highlighted in red, while blue boxes indicate non‑conserved residues with 
similar properties
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Differential scanning calorimetry (DSC; Fig. 3) showed 
that the Tm(app) of the full-length mgLPMO10, is approx-
imately 83  °C, and that truncation of the linker and the 
CBM2 ([Tm(app)] 76 °C) as well as removal of the copper 
cofactor (Tm(app) 73 °C) have negative effects on the ther-
mal stability. All unfolding events showed a single transi-
tion and unfolding was irreversible in all cases.
The effect of temperature on LPMO activity
Monitoring of product formation over time at vary-
ing incubation temperatures (Fig.  4) showed a trade-off 
between activity and enzyme inactivation and revealed a 
clear difference between mgLPMO10 and ScLPMO10C. 
For mgLPMO10, the initial activity increased with 









































































































































Fig. 2 Verification of LPMO activity. Full‑length mgLPMO10 or  mgLPMO10CD was incubated with 5 g/L PASC or 10 g/L Avicel in 50 mM sodium 
phosphate buffer (pH 6.0) supplemented with 1 mM ascorbic acid at 60 °C for 24 h. The supernatant was subjected to analysis by MALDI‑ToF 
(PASC samples) for both mgLPMO10 variants (a) and HPAEC‑PAD (Avicel samples) for full‑length mgLPMO10 (b). The peaks of the hexamer cluster 
are denoted by arrows and show the sodium adduct of native cellohexaose  [Glc6 + Na]+ and two larger peaks that represent sodium adducts of 
C1‑oxidized cellohexaose (aldonic acid), namely  [Glc5Glc1A + Na]+ and  [Glc5Glc1A − H + 2Na]+. Note that the 1,5‑δ‑lactone (m/z − 2 species) is also 
visible at 1011.9, labeled  [Glc5‑Lac + Na]+. Of note, the spectrum shows a series of minor signals (984, 1145, 1307, grey‑labeled masses) differing by 
one glucose (162 m/z) that represent products of unknown nature. No products were observed for a reaction with only PASC and AscA, and neither 
for a reaction with PASC and the LPMO but in absence of AscA (grey spectrum). The HPAEC chromatogram for mgLPMO10 shows similar product 
profile as the well‑characterized ScLPMO10C with C1‑oxidized cello‑oligomers ranging from DP 2‑7. No C4‑oxidized products, that have longer 
retention times [18], were detected
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temperature). Only at 80 °C, the product formation curve 
showed clear signs of enzyme inactivation, with product 
levels stabilizing already after approximately 20 min at a 
level (approximately 350 μM solubilized product) that is 
lower than the highest observed product level (approxi-
mately 500  μM in the reaction carried out at 70  °C). In 
contrast, ScLPMO10C showed clear signs of enzyme 
inactivation in the reaction carried out at 70  °C (Fig. 4), 
which is about 6 °C above its apparent melting tempera-
ture ([38]; Table 1), whereas no products were observed 
in the reaction at 80 °C.
The product formation curves for mgLPMO10 in Fig. 4 
show that the reactions slow down after 60–120 min of 
incubation, also when using incubation temperatures 
that are well below Tm(app). For ScLPMO10C the product 
formation levels out already after 20–30  min. To evalu-
ate the causes of the reduction in product formation, an 
experiment was carried out where extra reactants (i.e., 
substrate, enzyme and/or reductant) were added after 
reaching the endpoint of the reaction (Fig. 5). The results 



















Fig. 3 Thermal unfolding of mgLPMO10. The apparent melting 
temperatures (Tm(app)) were determined by differential scanning 
calorimetry (DSC) by heating the full‑length mgLPMO10‑holo 
(approximately 0.4 g/L) at 1 °C/min from 25 °C to 100 °C in 50 mM 
sodium phosphate buffer (pH 6.0). The experiment was repeated for 





































































































40 °C 50 °C 60 °C
70 °C 80 °C
Fig. 4 Activity of mgLPMO10 and ScLPMO10C at various temperatures. a–e show progress curves for copper‑saturated mgLPMO10 (solid curves) 
and ScLPMO10C (dashed curves) at 40, 50, 60, 70 and 80 °C, respectively. The reactions were carried out with 1 µM LPMO and 10 g/L Avicel in 
50 mM sodium phosphate buffer pH 6.0. The reactions were pre‑incubated for 10 min at various temperatures before 1 mM ascorbic acid was 
added to start the LPMO reaction. The reactions were carried out in Eppendorf Thermomixers at 800 rpm and samples were taken and filtered at 
10, 20, 30, 60 and 120 min. The solubilized products were degraded to oxidized dimers and trimers by incubation with 0.5 µM mgCel6A prior to 
product quantification. The reaction with ScLPMO10C at 80 °C (e) did not yield any oxidized products. The error bars show ± SD (n = 3)
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addition of more substrate and/or ascorbic acid alone 
did not lead to the release of more products, whereas the 
addition of fresh enzyme did. Thus, even at temperatures 
that are low (e.g., 50  °C) relative to the Tm(app) (83  °C), 
enzyme inactivation limits the reaction, as is commonly 
observed for LPMOs [22]. It is worth noting that the 
addition of extra ascorbic acid next to fresh enzyme was 
not favorable, which could be due to ascorbic acid pro-
moting rapid inactivation of the added enzyme. In the 
Table 1 Reported  Tm(app) values for AA9 and AA10 LPMOs in the literature
Ligands or other molecules present during the determination of the apparent melting temperature are provided with the enzyme names
ND not detected, DSC differential scanning calorimetry, DSF differential scanning fluorimetry, ITF intrinsic Trp fluorescence, CD circular dichroism
a The term “holo” refers to the enzyme with copper bound, while “apo” refers to the metal free enzyme; the presence of other metals and/or substrates is indicated. If 
nothing is written by the enzyme name, the experiment was performed with unknown copper content
b Temperatures estimated based on CD diagrams in Frommhagen et al. [49]
c The table only shows a selection of stability data presented in the study by Kracher et al. [44]
d C-terminal peptide of unknown function




mgLPMO10‑holo 83.0 6.0 (phosphate) DSC AA10‑CBM2 Irreversible This study
mgLPMO10‑apo 73.0 6.0 (phosphate) DSC AA10‑CBM2 Irreversible This study
mgLPMO10CD‑holo 76.0 6.0 (phosphate) DSC AA10 Irreversible This study
ScLPMO10C‑holo 64.1 6.0 (phosphate) DSF AA10‑CBM2 ND Jensen et al. [38]
SmLPMO10A‑holo 71.2 6.0 (phosphate) DSF AA10 ND Jensen et al. [38]
SmLPMO10A‑holo 74.4 5.0 (acetate) DSC AA10 Reversible Sugimoto et al. [45]
SmLPMO10A‑apo 65.6 5.0 (acetate) DSC AA10 Reversible Sugimoto et al. [45]
SmLPMO10A 70.3 8.0 (Tris–HCl) ITF AA10 ND Vaaje‑Kolstad et al. [46]
EfLPMO10A 72.0 8.0 (Tris–HCl) ITF AA10 ND Vaaje‑Kolstad et al. [46]
BaLPMO10A‑holo 65.0 5.0 (acetate) DSF AA10 ND Hemsworth et al. [47]
BaLPMO10A‑apo 46.0 5.0 (acetate) DSF AA10 ND Hemsworth et al. [47]
BaLPMO10A + EDTA 48.0 5.0 (acetate) DSF AA10 ND Hemsworth et al. [47]
BaLPMO10A‑Zn2+ 52.0 5.0 (acetate) DSF AA10 ND Hemsworth et al. [47]
BaLPMO10A‑Ni2+ 53.0 5.0 (acetate) DSF AA10 ND Hemsworth et al. [47]
BaLPMO10A‑Mn2+ 46.0 5.0 (acetate) DSF AA10 ND Hemsworth et al. [47]
TaLPMO9A‑holo 74.3 7.0 (MOPS) ITF AA9 Reversible Singh et al. [48]
TaLPMO9A‑apo 65.2 7.0 (MOPS) ITF AA9 Reversible Singh et al. [48]
TaLPMO9A‑holo (deglycosylated) 67.9 7.0 (phosphate) ITF AA9 Reversible Singh et al. [48]
MtLPMO9B 75.0b 7.0 (phosphate) CD AA9‑CBM1 Irreversible Frommhagen et al. [49]
MtLPMO9D 68.0b 7.0 (phosphate) CD AA9 Irreversible Frommhagen et al. [49]
NcLPMO9C‑holo 61.5 6.0 (phosphate) DSF AA9‑CBM1 ND Kracher et al. [44]c
NcLPMO9C‑holo 44.0 4.0 (acetate) DSF AA9‑CBM1 ND Kracher et al. [44]
NcLPMO9C‑holo 34.7 4.0 (citrate) DSF AA9‑CBM1 ND Kracher et al. [44]
NcLPMO9C‑apo (+ EDTA) 52.7 6.0 (phosphate) DSF AA9‑CBM1 ND Kracher et al. [44]
NcLPMO9C‑holo + AscA 48.8 6.0 (phosphate) DSF AA9‑CBM1 ND Kracher et al. [44]
NcLPMO9C‑holo + xyloglucan 61.4 6.0 (phosphate) DSF AA9‑CBM1 ND Kracher et al. [44]
NcLPMO9C‑holo + xyloglu‑
can + AscA
60.4 6.0 (phosphate) DSF AA9‑CBM1 ND Kracher et al. [44]
NcLPMO9C 63.0 6.0 (phosphate) DSC AA9‑CBM1 ND Kittl et al. [30]
NcLPMO9J 66.9 6.0 (phosphate) DSC AA9‑CBM1 ND Kittl et al. [30]
NcLPMO9F 68.9 6.0 (phosphate) DSC AA9 ND Kittl et al. [30]
NcLPMO9E 67.9 6.0 (phosphate) DSC AA9‑CBM1 ND Kittl et al. [30]
PvLPMO9A‑holo 59.6 7.0 (Polybuffer 96, GE Healthcare) DSC AA9‑C‑termd ND Semenova et al. [50]
PvLPMO9A‑apo 49.9 7.0 (Polybuffer 96, GE Healthcare) DSC AA9‑C‑termd ND Semenova et al. [50]
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case of mgLPMO10, an identical experiment was done at 
60 °C, with similar results.
The effect of mgLPMO10 on the efficiency of Celluclast® 
and individual cellulases in cellulose degradation
Full-length mgLPMO10 was tested in a spiking experi-
ment with the commercial cellulase cocktail Cel-
luclast®, which has little LPMO activity [39]. In the 
experiment, 5 or 15% of the standard enzyme cocktail, 
consisting of Celluclast® and a β-glucosidase in a 10:1 
ratio, was replaced by mgLPMO10, or by BSA as a con-
trol. Figure  6 shows that replacing parts of the Cellu-
clast® cocktail with mgLPMO10 led to clearly higher 
saccharification yields. The positive effect of the LPMO 
became only visible in the later phase of the reaction, 
suggesting that LPMO activity is particularly important 
for saccharification of the more recalcitrant fraction 
of the cellulose substrate. Interestingly, the synergistic 
effect was the same for the experiments with 5% and 
15% mgLPMO10, indicating that only a small fraction 
of LPMO is needed to boost the efficiency of the cellu-
lase cocktail. When 15% BSA was added instead of the 
LPMO, a negative effect was observed at 48 h, but the 
effect was negligible in the beginning of the reaction.
To further explore the impact of mgLPMO10 on cel-
lulase activity two putative CBHs derived from the 
same metagenome were expressed, namely mgCel6B 
and mgCel48A, where the latter is known to be co-
expressed with mgLPMO10 [35]. MgCel48A has an 
N-terminal CBM2 domain followed by a domain of 
unknown function with immunoglobulin-like fold and 
a catalytic GH48 domain. The domain structure of 
mgCel48A is similar to that of the well-studied reduc-
ing-end directed CBH TfCel48A from Thermobifida 
fusca [40], with 58% overall sequence identity. MgCel6B 
has an N-terminal CBM2 followed by the GH6 catalytic 
domain. Its domain structure and sequence (64% iden-
tity) are similar to that of TfCel6B, which is thought to 
act from the non-reducing end [41, 42]. Product profiles 
for the two cellulases (Figure 7a, b) show that the by far 
dominant product generated from Avicel is cellobiose. 
This dominance, and the concurrent low production of 
glucose and cellotriose (which neither of the enzymes 
can cleave; Fig. 7a, b) is indicative of processive action 
[43]. Studies of product formation upon combining the 
LPMO and each of the cellulases (Fig. 7c, d) showed no 
synergistic effect, and even a minor antagonistic effect, 
in the initial phase of the reaction, whereas over time 






































Fig. 5 Probing early inactivation of mgLPMO10 and ScLPMO10C. 
A “mother reaction” containing 10 g/L Avicel in 50 mM sodium 
phosphate pH 6.0, 1 µM mgLPMO10 (light grey) or ScLPMO10C 
(dark grey) and 1 mM AscA was incubated at 50 °C until product 
formation was stable (the left two sets of bars show product 
formation in the “mother reaction” after 2 and 4 h). The “mother 
reaction” was subsequently split into four new reactions to which 
fresh reactants were added, as indicated in the figure, to the same 
final concentration as in the starting “mother reaction”. The reactions 
were then incubated for another 20 h before separating the soluble 
fraction from the insoluble particles. The solubilized products were 
degraded to oxidized dimers and trimers by incubation with 1 µM 
mgCel6A prior to product quantification. All reactions were carried 
out in triplicates, and error bars show ± SD (n = 3), except for the 




































Fig. 6 Effect of mgLPMO10 on saccharification of Avicel by 
Celluclast®. Reaction mixtures were incubated at 50 °C and contained 
50 g/Avicel in 50 mM sodium phosphate buffer pH 6.0. The total 
protein dosage was 4 mg/g glucan, with 100% of Celluclast® (i.e., 
a mixture of Celluclast® and β‑glucosidase in a ratio of 10:1), or 
Celluclast® and mgLPMO10 in different ratios. Samples from the 
reaction with mgLPMO10 alone were subjected to postdigestion with 
a mixture of Celluclast® and β‑glucosidase prior to product analysis. 
BSA was used as control. The numbers over the 48 h bars show the 
total glucan conversion (% of maximum). All reactions contained 
1 mM AscA and were run in triplicates with standard deviations 
indicated in the figure
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Discussion
In this study, we describe a thermostable cellulose 
C1-oxidizing LPMO with an apparent melting tem-
perature of 83 °C, which, to our knowledge, is the high-
est  Tm(app) reported for an LPMO (Table  1). Indeed, 
this novel LPMO was capable of cellulose conversion 
at temperatures up to 80  °C, in contrast to mesosta-
ble LPMO10C from S. coelicolor (ScLPMO10C), which 
showed impaired activity already at 70  °C. Considering 
ScLPMO10C’s apparent  Tm of 64  °C [38], it may seem 
surprising that the enzyme works at all at 70  °C, but 
this may be explained by stabilizing effects of substrate 
binding, as has been observed for fungal NcLPMO9C in 
the presence of a xyloglucan substrate [44]. The effect 
of the CBM on the apparent melting temperature of 
mgLPMO10 is not easily explained. The linker between 
the CBM2 and the LPMO domain in ScLPMO10C is flex-
ible and NMR studies have shown that the two domains 
move independently [19]. Thus, one might expect the 
catalytic domain and the CBM to act as separated units 
that fold and unfold independently. This could result in 
an unfolding curve with two transitions or with a more 
gradual “mixed” transition, as observed previously for 
a CBM-containing LPMO [49]. The unfolding curve 
of mgLPMO10 in Fig.  3 shows only a single transition, 
which indicates that the two domains do not unfold inde-
pendently or that they unfold independently and have 
approximately the same melting temperature. Based 
on the present data it cannot be excluded that the two 
domains interact with each other in a manner that leads 
to stabilization. However, the decrease in stability upon 



















































































































































































Fig. 7 Synergy between mgLPMO10 and mgCBHs and product profiles for the mgCBHs. a, b show product profiles after degradation of 
cello‑oligosaccharides and Avicel for mgCel6B and mgCel48A, respectively. The enzymes (0.5 µM) were incubated with 0.1 g/L cello‑oligosaccharide 
(DP 2–5) in 50 mM sodium phosphate pH 6.0 at 60 °C. The chromatograms for the oligomeric substrates are from HPEAC‑PAD analysis of samples 
taken after 10 min reaction time for mgCel6B and 30 min reaction time for mgCel48A. The chromatograms for Avicel degradation are the 2 h 
samples in the experiment shown in c. Note the background signal for glucose in the Avicel‑only control and the fact that glucose production by 
the enzymes was very low. Panel c shows product formation over time during degradation of Avicel by various enzyme combinations. Reaction 
mixtures were incubated at 60 °C and contained 10 g/L Avicel in 50 mM sodium phosphate buffer pH 6.0, 1 mM AscA and 1 µM of each enzyme. 
Prior to quantification of native and oxidized solubilized products by HPEAC‑PAD, these products were treated with mgCel6A to simplify the 
product mixture, and the amounts of the various products were converted to cellobiose equivalents. Error bars represent standard deviations with 
n = 3. Panel d shows the degree of synergy calculated from data in c. Error bars represent propagated standard deviations from c 
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actual truncation, which may have created an unfavora-
ble configuration at the C-terminus of the  mgLPMO10CD 
variant. Nevertheless, the Tm(app) of  mgLPMO10CD is 
higher than most other reported  Tm values for LPMOs 
(Table 1).
LPMO activity and stability under catalytic conditions 
depend on multiple factors that cannot easily be resolved. 
For example, we do not know the effects of elevated tem-
perature on the reducing power and stability (reactivity 
with  O2) of the reductant, nor on the various off-pathway 
reactions that the LPMO may engage in, in particular 
 H2O2-generating oxidase activity (also called uncoupled 
reaction) and autocatalytic enzyme inactivation. Product 
yields and apparent enzyme inactivation do not neces-
sarily reflect only thermal stability of the LPMOs or the 
general effect of temperature on enzyme catalysis. For 
example, increased LPMO activity at higher tempera-
tures could reflect that  H2O2 is generated at a faster rate 
as the temperature increases and may not necessarily 
reflect the catalytic rate of the LPMOs. Likewise, temper-
ature effects on LPMO reduction and substrate binding, 
where the latter would affect both the oxidase activity of 
the LPMO and the sensitivity to autocatalytic inactiva-
tion, may partly underlie the temperature effects shown 
in Fig. 4. Of note, the concentrations of dissolved oxygen 
become less as temperature increases, but this does not 
seem to negatively affect initial LPMO activity. Despite 
these uncertainties, the present data leave no doubt that 
mgLPMO10 is a very stable LPMO that is active and sta-
ble at higher temperatures compared to its mesophilic 
counterparts, such as ScLPMO10C.
The observation that adding fresh enzymes to the 
reactions (Fig.  5) restored activity shows that enzyme 
inactivation limits the reactions. The observation that 
simultaneous addition of more AscA is unfavorable, 
especially for ScLPMO10C, was unexpected. This is not 
easily explained, but there are several side reactions that 
can occur and damage the enzyme [22]. In particular, 
addition of fresh AscA will lead to increased generation 
of  H2O2. Increased formation of  H2O2 would normally 
speed up the reaction, since  H2O2 is a good co-substrate 
for LPMOs [20, 25, 28]. However, in this case, one could 
envisage a situation where too much  H2O2 is produced 
due to excess AscA, which can damage the LPMO.
The observed enzyme stabilities for mgLPMO10 under 
catalytic conditions may reflect true folding stability 
(which is related to the Tm(app)) and/or resistance against 
oxidative enzyme self-inactivation. It is well known that 
LPMOs may suffer from autocatalytic inactivation during 
catalysis [20–22] and this is also observed in the present 
study. The experiments depicted in Fig.  4 clearly show 
that maximum product levels (appr. 500  μM) obtained 
by mgLPMO10 at incubation temperatures that should 
not lead to enzyme unfolding are nevertheless limited by 
enzyme stability. Interestingly, the experiments of Fig. 5 
also show that product yields were not limited by ascor-
bic acid. At a first glance this may seem strange since the 
product yields in this case (Fig. 4) indicate that as much 
as 50% of the 1 mM added ascorbic acid has been con-
verted to soluble oxidized products and since one would 
expect a considerable amount of additional oxidized 
products that are not soluble (e.g., oxidized sites on the 
polymeric substrate). However, it has been shown for 
ScLPMO10C, with a domain structure very similar to 
mgLPMO10 (Fig. 1) that in reactions with 10 g/L Avicel, 
as used here, > 90% of the generated oxidized products are 
soluble [19]. Thus, it seems possible to generate 500 μM 
soluble oxidized products without consuming the 1 mM 
of reductant. The high fraction of soluble products is due 
to the fact that the CBM “immobilizes” the LPMO on the 
substrate surface, thus increasing the chance of the same 
polymer being cleaved twice, which is a prerequisite for 
generating a high fraction of soluble products (see Fig. 8 
and Courtade et al. [19] for further discussion).
It is worth noting the difference in the approximate 
maximum product levels obtained in reactions with 
ScLPMO10C (200  μM) and mgLPMO10 (500  μM). 
This could indicate that the more thermally stable 
mgLPMO10 is also more resistant against oxidative dam-
age (as also suggested by the effects of adding AscA in the 
experiments depicted in Fig. 5; see above). In this respect, 
it may be relevant that the linker connecting the catalytic 
domain and the CBM2 domain is seven residues longer 
in mgLPMO10. Studies on ScLPMO10C have shown that 
the catalytic domain and the CBM move independently 
Fig. 8 Putative model for cellulose oxidation by ScLPMO10C based 
on NMR data. The CBM2 (orange) is docked on a cellulose surface 
(green) and tethered by a 30‑residue linker (cyan) to the LPMO 
domain (blue). The brown color on the cellulose surface indicates an 
area of approximately 1300 Å2, corresponding to approximately 300 
glucose residues, that the LPMO domain can reach (rough estimate 
based on the radius of gyration of the ensemble of NMR structures). 
The yellow dots indicate potential sites of oxidation (random sites, 
for illustration purposes). This figure and its underlying data are from 
Courtade et al. [19]
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relative to each other, and that, due to the anchoring of 
the CBM2 on the cellulose surface, the freely moving 
but still restricted catalytic domain makes multiple cuts 
in nearby cellulose chains [19]. In the previous study of 
ScLPMO10C it was estimated that a cellulose-anchored 
catalytic domain could reach some 1300  Å2 of cellulose 
surface (Fig. 8). An extension of the linker by seven resi-
dues, perhaps adopting an extended conformation, could 
considerably increase this sampling area, which would 
mean that mgLPMO10 can make more cuts per binding 
event and will, thus, spend less time in solution per num-
ber of cuts. Since reduced non-substrate-bound LPMOs 
are prone to inactivation through reactions with  O2 or 
 H2O2, spending less time in solution per number of cuts, 
or, phrased differently, staying in close proximity of the 
substrate for a longer time, will reduce oxidative damage 
and improve enzyme stability.
Combining mgLPMO10 with Celluclast®/β-
glucosidase (Fig. 6) resulted in clearly improved sacchari-
fication yields in reactions with Avicel. The studies with 
individual enzymes (Fig. 7) showed that both mgCel48A, 
presumably acting from the reducing-end, and mgCel6B, 
presumably acting from the non-reducing-end, also act 
in synergy with mgLPMO10, however the synergy is only 
observed over time and the synergistic effect is minor. It 
is worth noting that oxidized products are a major part 
of the total product formation in these reactions. Lim-
ited synergistic effects between LPMOs and individual 
cellulases have been observed before. For example, ear-
lier work [51, 52] has shown limited synergistic and 
even inhibitory effects upon combining a C1-oxidizing 
LPMO with the well-studied reducing-end active CBH 
from Trichoderma reesei (TrCel7A). Further studies are 
needed to disclose the exact nature of the cellulase—
LPMO interplay and to analyze to what extend and how 
the regioselectivity of the LPMO may affect the type of 
cellulase it synergizes with. Such studies should include 
multiple substrates and varying cellulase-LPMO ratios, 
since it is well known that the degree of cellulase-LPMO 
synergy is dependent in these factors [51–53].
The synergistic effects observed when adding 
mgLPMO10 to Celluclast® are encouraging. In a study 
by Müller et al. [39] it was reported that addition of vari-
ous amounts of the well-studied C1/C4 oxidizing fungal 
LPMO TaLPMO9A boosted the degradation of cellulose 
in steam exploded birch by Celluclast®/β-glucosidase. 
In both this previous and the present study, the maxi-
mum improvement in saccharification yield amounted 
to 30–40%, but to achieve this 15% LPMO needed to be 
added in the birch study, as opposed to only 5% (or less) 
in the present study with Avicel. While the two studies 
are not directly comparable, for example because of the 
different contents of reducing power (lignin in the birch 
experiment, 1  mM ascorbic acid in the present study), 
it seems safe to conclude that mgLPMO10 is a powerful 
enzyme.
Conclusion
This study describes a thermostable LPMO, which, to our 
knowledge, possesses the highest melting temperature 
reported for an LPMO and which, uniquely, can carry out 
oxidative cleavage of cellulose at 80  °C. The use of ther-
mostable enzymes in biorefineries is of interest, since it 
is often preferable to run processes at high temperatures. 
MgLPMO10, with its profound boosting effect on cel-
lulase efficiency that is comparable to the effect of com-
monly used fungal LPMOs, is a good candidate to be 
considered for the development of thermostable enzyme 




The mgLPMO10-encoding gene originates from pub-
licly available metagenome data accessible in the Joint 
Genome Institute IMG/M database (https ://img.jgi.doe.
gov/cgi-bin/m/main.cgi; IMG genome ID 2199352008). 
The microbial community was sampled from rice straw 
that had been inoculated with compost and incubated at 
55 °C. Metagenomic and metatranscriptomic analyses of 
this community are available [35, 54]. The 1092 bp gene 
encoding mgLPMO10 (IMG/M gene ID 2200500718) 
was detected as overexpressed in the community ([35]; 
note that the LPMO is referred to as a CBM33 in this 
paper).
The mglpmo10 encoding gene (codon-optimized for 
Escherichia coli expression) was synthesized (Gen-
Script, Piscataway, NJ, USA) and nucleotides 94–1089 
(omitting the predicted 31 amino acid signal pep-
tide sequence and the stop codon) were cloned in the 
pRSET B expression vector (Invitrogen, Carlsbad, Cali-
fornia, USA), already containing the well-function-
ing signal sequence of SmLPMO10A (also known as 
CBP21), following the protocol described by Forsberg 
et al. [36]. The forward primer employed to amplify and 
insert the gene into the pRESET B vector was 5′-CGC 
AAC AGG CGA ATG CCC ACG GTG CGG CGA TGGT-
3′ and the reverse primer was 5′-CAG CCG GAT CAA 
GCTT TTA CGC GCT GGT GCA GGTC-3′. For pro-
duction of the catalytic domain alone  (mgLPMO10CD; 
nucleotide 94–669) the reverse primer 5′-CAG CCG 
GAT CAA GCTT TTA ATC AAA AAC CAC GTC GCT -3′ 
was used instead. The underlined nucleotides represent 
an over-hang sequence with the pRSET B vector for fus-
ing the gene in the pRSET B vector using the In-Fusion 
HD cloning kit (Clontech, Mountain View, California, 
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USA), and the “TTA” sequence of the reverse primers 
(in bold) encodes a stop codon at the end of the LPMO-
encoding sequence. The gene sequences were veri-
fied by Sanger sequencing (Eurofins GATC, Cologne, 
Germany).
Chemically competent OneShot BL21 Star™ (DE3) E. 
coli cells (Invitrogen) harboring a pRSET B vector with 
an LPMO-encoding gene were used to inoculate 500 mL 
Terrific Broth (TB) supplemented with 100 µg/mL ampi-
cillin, followed by incubation at 37 °C for 20 h in a Har-
binger system (Harbinger Biotechnology & Engineering, 
Markham, Canada). Note that expression was driven by 
leakiness of the T7 promoter and that no inducer mol-
ecule was added. Cells were harvested by centrifugation 
at 5000×g for 15  min at 4  °C (Beckman Coulter Brea, 
California, USA), after which a periplasmic extract was 
prepared using an osmotic shock method [55].
Periplasmic extracts were filtered using 0.45 µm syringe 
filters (Sarstedt, Nümbrecht, Germany) and adjusted 
to 50  mM Tris–HCl (pH 8.0) after which the proteins 
were purified by anion-exchange chromatography using 
an ÄKTA pure chromatography system (GE Healthcare, 
Chicago, USA) equipped with a 5-ml HiTrap DEAE FF 
column (GE Healthcare). As running buffer, 50 mM Tris–
HCl (pH 8.0) was used and proteins were eluted using a 
linear salt gradient (0–500  mM NaCl) over 60 column 
volumes. MgLPMO10 and  mgLPMO10CD displayed poor 
binding to the DEAE column, and thus mainly ended up 
in the flow through. Protein fractions were examined by 
SDS-PAGE (Bio-Rad, Hercules, California, USA) and rel-
evant fractions (i.e., the flow through in this case) were 
concentrated to 1  mL using 10,000 MWCO (molecular 
weight cut-off) Vivaspin ultrafiltration tubes (Sartorius, 
Göttingen, Germany).
The concentrated protein samples were used in a sec-
ond purification step by size exclusion chromatography, 
using a HiLoad 16/60 Superdex 75 column with a run-
ning buffer consisting of 50 mM Tris–HCl (pH 8.0) and 
200 mM NaCl. Fractions containing the LPMO, as deter-
mined by SDS-PAGE, were concentrated using 10,000 
MWCO Vivaspin ultrafiltration tubes (Sartorius) with 
simultaneous buffer exchange to 20  mM sodium phos-
phate buffer (pH 6.0).
Prior to use, purified enzymes were incubated for 
30  min at room temperature with Cu(II)SO4 in a 1:3 
molar ratio (LPMO:Cu2+) to generate copper-saturated 
LPMO. Apo enzyme was prepared by incubating the 
purified enzyme for 30  min at room temperature with 
ethylenediaminetetraacetic acid (EDTA) in a 1:10 molar 
ratio (LPMO:EDTA). A PD Midi-Trap G-25 column (GE 
Healthcare) was subsequently used to desalt and remove 
excess copper or EDTA from the enzyme.
Protein concentrations were determined by measur-
ing  A280 (absorbance at 280  nm) in a spectrophotom-
eter (Eppendorf Biophotometer, Eppendorf, Hamburg, 
Germany) and absorbances were converted to protein 
concentrations using theoretical extinction coefficients 
calculated with the ExPASy ProtParam tool (https ://web.
expas y.org/protp aram/). The proteins were stored at 4 °C 
until further use.
Production of additional enzymes
Full-length ScLPMO10C and mgCel6A endoglucanase 
were produced and purified as described previously by 
Forsberg et al. [36] and Jensen et al. [56], respectively.
Genes encoding two putative cellobiohydrolases 
(CBHs), namely a 101.6 kDa GH48 (mgCel48A; IMG/M 
gene ID 2200387045; overexpressed together with 
mgLPMO10 in the thermophilic compost/rice straw 
community [35]) and a 61.4 kDa GH6 (mgCel6B; IMG/M 
gene ID 2200705178) from the same metagenome [54], 
were synthesized (GenScript, Piscataway, NJ, USA) and 
cloned for intracellular expression, without the native 
signal peptide and with a C-terminal His-tag according to 
the procedure described for the endoglucanase mgCel6A 
from the same metagenome [56]. The genes were cloned 
in the pNIC-CH expression vector using 5′-TTA AGA 
AGG AGA TAT ACT ATG GCA CCG GCA TGT GAA GTT 
ACC TAT -3′ as the forward primer and 5′-AAT GGT 
GGT GAT GAT GGT GCGC ACC AAT CAG ACG ATC ATA 
ATC GGC -3′ as reverse primer for mgCel48A. The for-
ward primer for mgCel6B, was 5′-TTA AGA AGG AGA 
TAT ACT ATG GCA TTT GCA GCA CCG GGT TGT AGC 
-3′, while the reverse primer was 5′-AAT GGT GGT GAT 
GAT GGT GCGC CAG AGG CGG ATA TGC ATT ATC CAT 
-3′. The underlined nucleotides represent an over-hang 
sequence for ligase-independent cloning in the pNIC 
expression vector. The proteins were produced and puri-
fied as described for mgCel6A by Jensen et al. [56].
Commercial cellulase cocktail
Celluclast® 1.5  L, a commercial cellulase cocktail with 
little LPMO activity [39] was provided by Novozymes 
(Bagsværd, Denmark). The Celluclast® cocktail was first 
mixed with a β-glucosidase, kindly supplied by Novo-
zymes, in a 10:1 ratio (on a protein basis) to facilitate 
degradation of solubilized oligomers to the monomer 
(glucose).
Substrates
Evaluation of LPMO oxidative activity and saccharification 
experiments were carried out with the microcrystalline 
cellulosic substrate Avicel PH-101 (Sigma-Aldrich, Darm-
stadt, Germany) and phosphoric acid-swollen cellulose 
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(PASC). PASC was prepared from Avicel PH-101 as 
described by [57]. Cello-oligosaccharides DP3-5 were pur-
chased from Megazyme (Bray, Ireland). Glucose and cel-
lobiose were purchased from Sigma-Aldrich.
Apparent melting temperature
A Nano-Differential Scanning Calorimeter III (Calorim-
etry Sciences Corporation, Lindon, USA) was used to 
determine Tm(app) of the mgLPMO10 variants. Approxi-
mately 0.4  mg/mL LPMO in 50  mM sodium phos-
phate buffer pH 6.0 (filtered and degassed) was heated 
from 25  °C to 100  °C at 1  °C/min. Buffer baselines were 
recorded and subtracted from the protein scans. The data 
were analyzed with NanoAnalyze software (https ://www.
tains trume nts.com).
Activity assays
Unless stated otherwise, reactions were performed in 
50  mM sodium phosphate buffer (pH 6.0) at 800  rpm 
in an Eppendorf Thermomixer. All reactions were per-
formed in triplicates using 2 mL micro tubes with screw 
cap and O-rings to avoid evaporation.
For the initial verification of oxidative cellulolytic activ-
ity, 1  µM mgLPMO10 was incubated with 5 g/L PASC 
or 10 g/L Avicel in the presence of 1 mM ascorbic acid 
(reductant) for 24  h, at 60  °C. The supernatant from 
PASC samples were analyzed by MALDI-ToF MS and 
the supernatant from Avicel samples were analyzed by 
HPAEC-PAD (see below) for detection of oxidized cello-
oligomers and determination of LPMO regioselectivity.
Degradation of Avicel (10 g/L) was analyzed at different 
temperatures ranging from 40–80 °C using reaction mix-
tures containing 1  μM LPMO and 1  mM ascorbic acid. 
Aliquots were withdrawn at selected time points and 
filtered (0.45  μm) before being merged with an identi-
cal volume of a solution containing 2 µM endoglucanase 
(mgCel6A; [56]) followed by static incubation overnight 
at 37 °C. As a result of this procedure, all solubilized oxi-
dized products were converted to oxidized cellobiose and 
oxidized cellotriose, which simplified product quantifi-
cation. The products were analyzed using HPAEC-PAD 
(see below).
Inactivation of mgLPMO10 and ScLPMO10C dur-
ing cellulose degradation reactions was investigated by 
incubating 1 µM enzyme with 10 g/L Avicel and 1 mM 
AscA at 50 or 60  °C until product formation stopped. 
The reactions were subsequently split into four new 
reactions and more AscA and substrate, AscA and 
enzyme, only enzyme, or only AscA was added to the 
same final concentration as in the original reaction. The 
reactions were further incubated for 20 h before sepa-
rating the soluble fraction from the insoluble particles 
by filtration (0.45  µm). The solubilized oxidized prod-
ucts were degraded to oxidized dimers and trimers by 
incubation with 1 µM mgCel6A prior to product quan-
tification, as described above, before product analysis 
by HPAEC-PAD (see below).
Degradation of individual cello-oligosaccharides 
by mgCel48A and mgCel6B was analyzed by incubat-
ing 0.1  g/L cello-oligosaccharide  (Glc2-5) with 0.1  µM 
enzyme in 50 mM sodium phosphate pH 6.0. Reactions 
involving mgCel48A were supplemented with 1  mM 
 CaCl2 as this is known to stabilize other GH48s at high 
temperatures [58, 59]. Samples taken after 30  min for 
mgCel48A and 10  min for mgCel6B were mixed with 
an equal volume of 0.2  M NaOH to stop the enzyme 
activity. Products were analyzed by HPEAC-PAD (see 
below).
Synergy experiments
Investigation of the synergistic relationship between 
mgLPMO10 and two putative cellobiohydrolases 
(CBHs; mgCel48A and mgCel6B) was performed 
using 10  g/L Avicel as substrate, which was subjected 
to degradation by 1  µM mgLPMO10 and/or 1  µM 
of mgCel48A or mgCel6B. The reactions contained 
50  mM sodium phosphate buffer (pH 6.0), and 1  mM 
ascorbic acid. Reactions involving mgCel48A were sup-
plemented with 1 mM  CaCl2. Samples were withdrawn 
after 2, 24, and 48  h of incubation at 60  °C. After fil-
tration (0.45  µm) to remove insoluble substrate, the 
samples were mixed with and equal volume of 2  µM 
mgCel6A and incubated statically at 37  °C overnight 
to simplify product quantification as described above. 
Native and oxidized cello-oligosaccharide products 
were analyzed using HPAEC-PAD (see below). Quanti-
fied products (cellobiose, GlcGlc1A,  Glc2Glc1A, as well 
as minor amounts of glucose and cellotriose) were con-
verted to cellobiose equivalents.
The effect of mgLPMO10 on the saccharification effi-
ciency of a mixture of Celluclast® and a β-glucosidase 
(see above) was investigated using 50 g/L Avicel as sub-
strate. The total protein load was 4 mg per gram glucan 
(the glucan content of Avicel is 92.2%; [39]). The reac-
tions contained 50  mM sodium phosphate, pH 6.0, and 
1 mM ascorbic acid, and were incubated at 50 °C (optimal 
temperature for Celluclast®). Samples were withdrawn at 
selected timepoints and the supernatants were separated 
from the insoluble substrate by filtration over a 0.45 μm 
microtiter filter plates and kept at -20  °C until product 
analysis. Samples from reactions with mgLPMO10 alone 
were treated with an equal volume of a 0.36 g/L mixture 
of Celluclast® and a β-glucosidase to convert oxidized 
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cello-oligosaccharides to glucose and gluconic acid. 
Products were analyzed using UHPLC (see below).
Product analysis with HPAEC‑PAD
Oxidized products were detected by high-performance 
anion-exchange chromatography (HPAEC) using a 
Dionex™ ICS5000 or ICS3000 (only for data in Fig. 2b) 
system (Thermo Scientific, Sunnyvale, CA) equipped 
with a disposable electrochemical gold electrode and 
a CarboPac PA1 (2 × 250  mm) or a CarboPac PA200 
(3 × 250  mm) column (Dionex, Sunnyvale, CA, USA) 
operated with 0.1 M NaOH (eluent A) at a column tem-
perature of 30  °C [60] and a flow rate of 0.25  ml/min 
or 0.5 ml/min for the PA1 column and PA200 column, 
respectively. A multistep linear gradient with increas-
ing amounts of eluent B (0.1  M NaOH + 1  M NaOAc) 
was used to elute the products. For the PA1 column 
the gradient was: 0–10% B over 10  min; 10–18% B 
over 10  min; 18–30% B over 1  min; 30–100% B over 
1  min; 100–0% B over 0.1  min; 0% B (reconditioning) 
for 13.9  min. For the PA200 column the gradient was: 
0–10% B over 5 min; 10–18% B over 5 min; 18–30% B 
over 0.5 min; 30–100% B over 0.5 min; 100–0% B over 
0.05 min; 0% B (reconditioning) for 6.95 min. The gra-
dient used for the ICS3000 system (PA1 column) was: 
0–10% B over 10 min; 10–30% B over 25 min; 30–100% 
B over 5 min; 100–0% B over 1 min; 0% B (recondition-
ing) for 9  min. Data collection and analysis were car-
ried out with the Chromeleon 7.0 software. Cellobiose 
(Sigma Aldrich) and cellotriose (Megazyme, Bray, Ire-
land) were used as substrates for production of C1-oxi-
dized standards, i.e., cellobionic acid (GlcGlc1A) and 
cellotrionic acid  (Glc2Glc1A), respectively, by treat-
ment with cellobiose dehydrogenase from Myriococcum 
thermophilum (MtCDH) [61].
Native  (Glc1-6) and oxidized (GlcGlc1A and  Glc2Glc1A) 
cello-oligosaccharides resulting from reactions with 
CBHs were analyzed using the same HPAEC system and 
the same eluents as described above, with a CarboPac 
PA200 column. The gradient was: 0–5.5% B over 3 min; 
5.5–15% B over 6 min; 15–100% B over 11 min; 100–0% 
B over 0.1 min; 0% B (reconditioning) for 5.9 min.
Product analysis with UHPLC
Quantification of glucose resulting from reactions with 
the Celluclast® enzyme cocktail was achieved using a 
Dionex Ultimate 3000 UHPLC system (Dionex, Sun-
nyvale, CA, USA) equipped with a Rezex ROA-Organic 
Acid H + (8%), 300 × 7.8  mm analytical column and a 
SecureGuard Carbo-H + 4 × 3.0 mm guard column (Phe-
nomenex, Torrance, CA, USA) operated at 65 °C. Sample 
components were eluted isocratically over 22 min using 
5  mM sulfuric acid as mobile phase with a flow rate of 
0.6  mL/min. Products were detected using a refrac-
tive index (RI) detector 101 (Shodex, Tokyo, Japan) and 
data collection and analysis were carried out with the 
Chromeleon 7.0 software.
MALDI‑ToF product analysis
Products in reaction supernatants were assayed qualita-
tively using a matrix-assisted laser desorption/ionization 
time-of-flight (MALDI-ToF) UltrafleXtreme mass spec-
trometer (Bruker Daltonics GmbH, Bremen, Germany) 
equipped with a Nitrogen 337-nm laser. Reaction mix-
tures (1 µL) were applied to an MTP 384 ground steel tar-
get plate TF (Bruker Daltonics) and mixed with 2 µL of 
9  mg/ml of 2,5-dihydroxybenzoic acid dissolved in 30% 
acetonitrile, followed by air-drying. Data collection and 
analysis were carried out using the Bruker FlexAnalysis 
software.
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